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A B S T R A C T
Microalgae are the ﬂedging feedstocks yielding raw materials for the production of third generation
biofuel. Assorted and conventional cell wall disruption techniques were helpful in extracting lipids and
carbohydrates, nevertheless the disadvantages have led the biotechnologists to explore new process to
lyse cell wall in a faster and an economical manner. Silver nanoparticles have the ability to break the cell
wall of microalgae and release biomolecules effectively. Green synthesis of silver nanoparticles was
performed using a novel bacterial isolate of Bacillus subtilis. Characterisation of nanosilver and its effect
on cell wall lysis of microalgae were extensively analysed. Cell wall damage was conﬁrmed by lactate
dehydrogenase assay and visually by SEM analysis. This ﬁrst piece of research work on direct use of
nanoparticles for cell wall lysis would potentially be advantageous over its conventional approaches and
a greener, cost effective and non laborious method for the production of biodiesel.
ã 2016 Published by Elsevier B.V. This is an open access article under the CC BY-NC-ND license (http://
creativecommons.org/licenses/by-nc-nd/4.0/).
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Alternate transport fuel is an emerging research worldwide due
to rapidly decreasing fossil fuel resources and raising environ-
mental concern on global warming. Fossil fuels are not only
dominant in energy sectors and global economy but also
responsible for life threatening infection by the accumulation of
toxic gases while burning mainly from transport division which
contributes to 21% CO2 emissions [1–4]. Hence, promising
alternate to petrodiesel are considered to be biodiesel and
bioethanol, termed as “green” fuels, as they are ecofriendly,
non-toxic, renewable and biodegradable in nature [5–7].
Biofuel is generally produced from vegetable oil and agricul-
tural crops [8]. However rise in food prices, consumption of more
arable land and water for cultivation create serious problems of
utilizing them [9]. Moreover, high lignin content in plant biomass
makes sacchariﬁcation difﬁcult during bioethanol production
[9,10]. Nowadays microalgae have been recognised as the third
generation biofuel feedstock by many scientists and advantageous
to plant based feedstock due to their simple structure, fast growth
rate, can be grown in non agricultural land and waste water,* Corresponding author.
http://dx.doi.org/10.1016/j.btre.2016.07.001
2215-017X/ã 2016 Published by Elsevier B.V. This is an open access article under the Caccumulate large amount of lipids and carbohydrates [11,12].
However, bioreﬁnery process of microalgae has several steps
including species selection, mode of cultivation, harvesting, and
cell disruption. Among all these steps cell disruption is the
principal step because algal cell wall generally consist of
multilayered rigid cell wall [13–15], which restrict the complete
extraction of compound of interest from microalgae. Therefore, to
extract lipid and carbohydrate from algal cells, the cell wall must
be disrupted to smallest pieces using pretreatment process using
organic solvents [16]. Methods of cell wall disruption and
extracting solvents decide the efﬁciency of oil and carbohydrate
extraction from microalgae [13].
Many pretreatment methods can be used for microalgal cell
disruption such as physical treatment including ultrasonication
[14,17], thermal [13,18], microwave [13,14,19], bead milling [14,20]
and cryogrinding [13,21], chemical methods including acid [22,23],
alkaline [24], solvent soaking [21] and osmotic shock [13] and
enzymatic treatments [10,25–28]. Nevertheless, these methods
have some limitations; physical or mechanical methods are not
effective and not suitable for large-scale operations [27], chemical
methods cause pollution [29] and also destruct other cellular
components [27], and enzymatic treatment is cost intensive and
very slow process [17].C BY-NC-ND license (http://creativecommons.org/licenses/by-nc-nd/4.0/).
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method and it has to be developed for better microalgae cell
disruption. One such potential alternate is the use of nanotech-
nology in biotechnological applications. Nanoparticles have carved
their own niche in renewable energy sector having been
implemented in various processes. Metal nanoparticles are
recognized to be effective catalytic agents in chemical and
biological sciences. Due to nanoparticles’ tiny structure, they
penetrate and easily interact with the biomolecules acting upon
them efﬁciently [30]. To the best of our knowledge and from
extensive literature survey, no report on cell wall lysis of
microalgae using silver nanoparticles for biofuel synthesis had
been published. The main objectives of this study are the
extracellular synthesis of silver nanoparticle (AgNP) from a novel
bacterial isolate B.subtilis (KF681508) and evaluate its effects on
cell wall rupture of fresh water microalga to extract lipid and
carbohydrate from Chlorella vulgaris for biofuel production.
2. Materials and methods
2.1. Microalgal culture
Fresh water microalga Chlorella vulgaris was obtained from CAS
in Botany, University of Madras (Guindy Campus), Chennai,
Tamilnadu, India. It was grown in 14 L PBR using sterile Bold’s
Basal Medium (BBM) consisting of (g/L) NaNO3 (0.25), K2HPO4
(0.075), KH2PO4 (0.175), NaCl (0.025), CaCl2.2H2O (0.025),
MgSO47H2O (0.075), EDTA.2Na (0.05), KOH (0.031), FeSO47H2O
(0.005), H3BO3 (0.008), ZnSO47H2O (0.0015), MnCl2.4H2O
(0.0003), MoO3 (0.00025), CuSO45H2O (0.0003), Co(NO3)26H2O
(0.0001) and mixing was provided by sparging air (0.3vvm) from
the bottom of the PBR. The lighting was supplied by cool-white
ﬂuorescent light with an intensity of 5000 lux under 12:12 light/
dark cycle.
2.2. Isolation and molecular identiﬁcation of bacterium for AgNP
synthesis
Silver nanoparticle producing bacteria was isolated from soil
sample that was collected from the Annamalai University campus,
Tamilnadu, India, using serial dilution technique and 0.1 ml sample
was spreaded on Nutrient Agar plates (Hi Media Laboratories Ltd.,
Mumbai, India) and incubated at 37

C for 24 h. After incubation,
the plates were checked for white, swarmed mucoid colonies and
then biochemical characterisation was performed to tentatively
identify the isolate as Bacillus sp. The culture was ﬁnally subjected
to strain identiﬁcation and was conﬁrmed using 16SrRNA primers:
27 F (50-AGA GTT TGA TCC TGG CTC AG-30) and 1492 R (50- TAC GGT
TAC CTT GTT ACG ACT T-30). The gene sequence obtained from the
organism was compared with other Bacillus strains for pairwise
identiﬁcation using NCBI-BLAST (http://blast.ncbi.nlm.nih.gov/
Blast.cgi) and multiple sequence alignments of the sequences
were performed using Clustal Omega version of EBI (www.ebi.ac.
uk/Tools/msa/clustalo). Finally Phylogenetic tree was constructed
by Clustal Omega of EBI (www.ebi.ac.uk/Tools/phylogeny/clus-
talw2_phylogeny) using neighbor joining method.
2.3. Biosynthesis of silver nanoparticles
The bacterial isolate was cultivated in LB broth for 24 h at 37 C
and applied for silver nanoparticle synthesis. After incubation, the
cell free supernatant was collected by centrifugation at 10,000 rpm
for 10 min. In a 250 ml conical ﬂask, 50 ml of 1 mM AgNO3 solution
was added to 100 ml of culture supernatant. The control was theculture supernatant without AgNO3 solution. The ﬂasks were then
left for 48 h at room temperature in brightness. The colour change
from pale yellow to brown was visually checked, which indicated
the extracellular synthesis of AgNPs. The AgNPs were obtained by
centrifugation at 12000 rpm for 10 min, washing the pellet with
double distilled water and repeating the protocol thrice. The
obtained AgNP pellet was then lyophilized for characterisation
study.
2.4. Characterisation of AgNPs
Primary characterization of AgNP was performed by UV–vis
Spectrophotometer (SL-159, Elico, India) with wavelengths rang-
ing between 200 and 600 nm. FT-IR spectra of the nanoparticle
using KBr pellet was obtained by FTIR Spectroscope (Bruker Optics,
GmBH, Germany). Morphology of AgNP was observed through TEM
(Jeol, Japan) and the XRD pattern was measured using diffractom-
eter (Xpert-Pro, England) at room temperature with current of
30 mA, voltage of 40 kV and the peaks were recorded at 2u.
2.5. Pretreatment of microalga using AgNPs
C.vulgaris culture was harvested when it reached stationary
phase by centrifugation at 5000 rpm for 10 min. Then the
microalgal paste was dried using Lyophilization and the dried
biomass was subjected to pretreatment process. Various concen-
trations of AgNPs such as 50,75, 100, 125, 150 and 200 mg were
added to the test tube contain 1 g of microalgal biomass with
sterile distilled water. This mixture was then incubated at various
time intervals of 10, 20, 30, 40 and 50 min in an orbital shaker at
100 rpm.
After the pretreatment process, the biomass slurry was
subjected to drying at 60 C for 8 h using hot air oven and the
intracellular oil was extracted by Bligh and Dyer method [31] and
oil extraction yield (%w/w) was calculated as,
oil extraction yieldð%Þ ¼ Weight of extracted oil ðgÞ
Weight of algal biomass ðgÞ  100
The extracted oil from untreated microalgal biomass was
considered as control and yield was compared with test sample.
The total carbohydrate content was determined, after extract-
ing oil, using phenol sulfuric acid method [32]. A volume of 5 ml
sample was used for the procedure and untreated sample was used
as control.
2.6. Lactate dehydrogenase (LDH) assay for cell wall damage
LDH experiment was carried out according to Pakrashi et al.,
[33]. About 1 mL of the interacted cell suspensions was centrifuged
at 8000 rpm for 10 min. A 100 mL of the supernatant was then
collected and 100 mL of 30 Mm sodium pyruvate was added
followed by 2.8 mL of 0.2 M Tris–HCl. Finally, a 100 mL of 6.6 mM
NaDH was added just before measuring the decrease in absorbance
at 340 nm as a function of 10 readings using UV–vis spectropho-
tometer (SL-159, ELICO Ltd, India).
2.7. Scanning Electron Microscope (SEM) Analysis
The effects of AgNP pretreated microalgal cells were subjected
to morphological analysis for cell wall damage. After the
pretreatment process, a small amount of sample was taken from
the test tube, dried and observed with Scanning Electron
Microscope (JSM 5610, Jeol, Japan).
Fig. 1. 16S rRNA sequence (A) and phylogenetic tree of B.subtilis (B).
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3.1. Molecular identiﬁcation of AgNPs producing bacteria using 16S
rRNA
The AgNP producing bacteria was identiﬁed by molecular
identiﬁcation using 16 S rRNA and the ampliﬁed gene sequence
was compared with BLAST database, acquiring sequences display-
ing maximum homology. The strain of the study exhibited
maximum percentage of similarity, 100%, with the sequences of
other B.subtilis strains with a high score. The target rRNA was
aligned with all homologous sequences using Clustal W2 and a
phylogenetic tree was eventually constructed (Fig. 1A and B). The
phylogenetic analysis conﬁrmed that the isolated strain was B.
subtilis. The nucleotide sequence of the organism, referred to as has
been deposited in the GenBank database under the accession
number KF681508.1.
3.2. Extracellular synthesis of AgNPs
The formation of silver nanoparticles was started within few
minutes at room temperature and it was conﬁrmed by colour
changes from pale yellow to dark brown at the end of incubation
time (Fig. 2). There was no colour change in control which was
maintained in the same environmental condition. It was corrobo-
rated with the results reported by Saravanan et al. (2011), Shivaji
et al. (2011) and Gopinath and Velusamy [34–36]. The brown
colour conﬁrms that it was due to the reduction of Ag+ which
indicates the formation of AgNPs.Fig. 2. change of color from yellow to brown indicating the formation of silver
nanoparticle.The mechanism of the synthesis of silver nanoparticles is due to
the presence of enzyme “Nitrate reductase” [37] and secretion of
cofactor NADH and NADH dependent enzymes which involved in
reduction of Ag+ to Ag0 [30,38,39]. The reduction mediated by the
presence of the enzyme in the organism has been found to be
responsible for the synthesis. The process gets initiated with the
electron transfer from NADH to NAD+ catalysed by NADH-
dependent reductase as electron carrier, which reduces Ag+ ions
to metallic silver [30,40].
3.3. Characterisation of AgNPs
The visual observations were conﬁrmed with the analysis by
UV-Visible spectroscopy, which is a unique and simple protocol
analysing samples with their optical properties (Fig. 3). An intense
absorption peak was noted at 400 nm which conﬁrmed the
presence of AgNPs. The negatively charged polysaccharides in the
supernatant bonded with nanosilver will conﬁne free electrons of
the nanoparticles in a smaller volume. This results in a high free
electron density leading to high plasmon frequency. Hence a sharp
peak was observed at a lower wavelength [41].
The spectrum of AgNP depicted the varied range of absorption
from 3446–1022 cm1 (Fig. 4). A broad absorption band was
observed at 3446.44 cm1 which indicated the hydroxyl stretch.
Intense peaks at 2967.91, 2923.64 and 2855.07 cm1 denoted the
symmetric CH3 and CH2 stretches. Absorption peaks at 1653.05 in-
dicated carbonyl groups of amide I bands and 1556.62 and
1540.18 cm1 marked the presence of N-H stretching of amide II
bands. An intense peak at 1263.51 cm1 indicated C-O stretching.
Absorption peaks at 1079.97 cm1 were peaks for C-O-C stretching
for all sugar moieties. Additional peak at 1455.26 cm1 designated
the presence of AgNPs. The protein (amide) denoting bands
showed that the silver nanoparticles were capped and protected by0
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Fig. 3. UV-Visible spectrum of AgNP.
Fig. 4. FTIR spectrum of microbially synthesised silver nanoparticle.
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Fig. 6. Effect of different concentration of AgNPs on oil and carbohydrate yield.
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that proteins were the major constituent capping and stabilizing
AgNPs by electrostatic forces [42–46].
Morphology of the produced nanoparticle was studied using
TEM analysis and the structures were found to be spherical
(Fig. 5a). XRD was performed to study the crystallinity of the
nanoparticle. The XRD pattern of the silver nanoparticle is shown
in Fig. 5b. Five sharp peaks could be seen at 2u = 32, 38, 46, 64.3 and
77.5 which correlated to the characteristic peaks of silver
corresponding to the three d- spacing (111), (111), (200), (220)
and (311) respectively. The intensity of the peaks denoted high
degree of crystallinity of silver nanoparticle produced. Diffraction
peaks have indicated that the size of AgNP would be very small and
are crystalline in nature. The size was calculated using Debye-
Scherrer’s equation represented as,
d = Ka l/b cos u
where, d is the average size, b is the full width half maxima, u is the
Bragg’s angle, l is the wavelength of CuKa in radians. The size of
the crystallite AgNP estimated from the equation was 31 nm.
3.4. Effect of AgNPs treatment on carbohydrate and oil yield
The amount of total carbohydrate and oil extracted from
C.vulgaris was considered as an indication of the efﬁciency of cell
disruption by the silver nanoparticle. The effects of various
concentrations of AgNPs were analyzed in the ranges of 50–
200 mg/g and their efﬁciency on extraction of product yield was
shown in Fig. 6. A signiﬁcant difference was found between the
various studied concentrations and this study proved thatFig. 5. (A) illustrating the structure of AgNP through TEM and (B) XRD pnanoparticle pretreatment method was able to disrupt C.vulgaris
to release intracellular oil and total carbohydrate. C.vulgaris has a
maximum lipid content of 15-18% and a carbohydrate content of
16% under natural environmental conditions. The intracellular oil
extraction was increased from 8.44% to 17.68% by increasing the
concentration of AgNP from 50 mg/g to 150 mg/g. Similarly,
maximum carbohydrate yield was found to be 13.8% with the
same concentration of AgNP. However, the yield was constant
when the concentration of AgNPs reached beyond the 150 mg/g.
This is in agreement with the previous results reported by Hazani
et al. [47]. They analysed effect of various concentrations of AgNPs
such as 5,10, 25, 50,100, 200 and 400 mg/L on C.vulgaris and
D. tertiolecta for toxicity study and found that 100 mg/L showed
maximum cell lyses than the other concentrations with the short
reaction time. Another study conducted by Palomares et al. [48]
also reported that higher concentration of nanoparticle lysed the
cell wall of cyanobacterium Anabaena with a shorter period of
reaction time. This indicated that oil and carbohydrate yield was
increased with increasing concentration of silver nanoparticles
due to availability of more silver nanoparticles which highly
rupture the microalgal cell membrane.
This mechanism can be explained as the small size and
extremely large surface area of nanoparticles enables them to
make strong contact with the cell wall of microorganisms [47,49]
and lyses molecules in the cell wall by forming “pits/holes”, cause
release of intracellular molecules [50,51]. Dash et al. further
described that cell wall is mainly composed of cellulose and
protein complex and is the primary site for the interaction of
nanoparticles [52]. Thus, the nanoparticles are adhered on the
surface and cover the microalgae to a greater extent than the bulk
particles leads to cell wall rupture.attern of AgNP produced from soil isolate B.subtilis VVS (KF681508).
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Fig. 7. Effect of different reaction time on oil and carbohydrate yield.
Table 1
Different AgNPs concentration and reaction time on LDH content of C.vulgaris.
Concentration (mg/g) LDH
(%)
Time (min) LDH
(%)
50 0.9  0.1 10 6.09  0.6
75 2.8  0.3 20 10.2  0.8
100 9.46  0.8 30 18.08  0.3
150 11.2  0.2 40 23.60  0.6
200 11.2  0.4 50 23.62  0.2
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treatment on microalgae cell disruption for extraction of lipid and
carbohydrate due to its ecofriendly nature. However, different
algae contain different cell wall composition and have different
enzyme speciﬁcity hence all cell wall destructing enzymes cannot
act on all the algal species. It was conﬁrmed by our previous studies
conducted on acid and enzymatic pretreatment processes to
disrupt cell wall of two marine microalgae C.salina and N.oculata
for extraction of intracellular oil [11,13]. For C.salina, the cellulase
pretreatment showed highest yield of lipid when compared to the
acid pretreatment, whereas for N.oculata acid pretreatment
showed maximum lipid yield. The difference was apparently
due to variance of cell wall composition of these two different
genera. Generally Nannochloropsis sp. contains algaenans, a
trilaminar outer cell wall and cellulose. Algaenans are mainly
composed of aliphatic biopolymer composed of long chain
numbered v 9-unsaturated v-hydroxy fatty acids monomers
varying chain length from 30 to 34 carbon atoms [15,20]. Algaenan
is easily soluble in acid using HCl or H2SO4 but it is resistant to
cellulase hydrolysis [15]. In the other hand Chlorella contains
trilaminar rigid cell wall matrix which is only made up of cellulose
and easily degraded by enzyme and acid [15,20,53].
It was further conﬁrmed by a study on investigation of the
enzyme speciﬁcity on pretreatment process for extracting
carbohydrate for bioethanol productions by Hong et al. (2014)
[54]. They analysed the effect of four commercially produced
enzymes Lactozym, Spirizyme, Viscozyme, and AMG (glucoamy-
lase) on hydrolysis of red seaweed (Gelidium amansii), brown
seaweed (Laminaria japonica), and green seaweed (Codium fragile).
They resulted that Lactozym produced highest carbohydrate yield
on red and green seaweeds, whereas Spirizyme produced highest
carbohydrate yield on brown seaweed. Therefore, in this paper we
report for the ﬁrst time that silver nanoparticle can potentially be
used to lyse cell wall of microalgae to release biofuel feedstocks,
lipid and carbohydrate, in a dose and time dependent manner.
3.5. Effect of treatment time on carbohydrate and oil yield
For the effect of pretreatment time on cell wall damages of
C.vulgaris, the time period considered ranged between of 10 and
50 min. The oil yield was increased from 9.22% to 21.4% by
increasing the reaction time of 10 min to 40 min. Similarly the total
carbohydrate yield was increased from 6.86% to 15.26% by
increasing the reaction time (Fig. 7). It was corroborated with
the earlier report done by Lee et al. (2013) which evaluated the
effect of different reaction time (1,5,10,15 and 20 min) on cell
membrane damages of four marine microalgal species include
Cochlodinium polykrikoides, Chattonella marina, Heterosigma aka-
shiwo and Chattonella marina using aminoclay nanoparticles [54].
They found that all the microalgae cells were completely ruptured
by increasing the reaction time to 20 min from 1 min. This result
revealed that increasing the reaction time resulted in increasing in
product yield by escalating contact of AgNP particles on surface of
microalgae cells leading to immediate cell wall destruction of C.
vulgaris.
3.6. Analysis of cell membrane damage using lactate dehydrogenase
(LDH) assay
The cell wall disruption of microalgae using AgNPs on C.vulgaris
was further evidenced by LDH assay. Effect of different concentra-
tion of AgNPs and different reaction time on releasing LDH from
microalgal cell wall was shown in Table 1. Different concentrations
of AgNPs such as 50, 75, 100, 150 and 200 mg/g were exposed to
analyse cell wall damage and found 0.9  0.1, 2.8  0.3, 9.46  0.8,
11.2  0.2 and 11.2  0.4% of LDH release respectively.Simultaneously the effect of reaction time on LDH release was
also analysed in the ranges of 10, 20, 30, 40 and 50 min and found
the LDH content as 6.09  0.6, 10.2  0.8, 18.08  0.3,
23.60  0.6 and 23.62  0.2% respectively. This result indicated
that increasing concentration with increasing reaction time
resulted in increased LDH content. Our current ﬁndings was
highly corroborate with the report done by Pakrashi et al. (2013)
that showed higher membrane damage with higher concentra-
tions of aluminium oxide nanoparticles and higher reaction time
on freshwater algal isolate Chlorella ellipsoides [33].
3.7. SEM analysis
The Scanning Electron Microscope (SEM) study was used to
analyze the direct evidence of cell wall destruction by silver
nanoparticle treatment. Untreated cells of C.vulgaris appeared
intact without any cell destruction, whereas nanoparticle treated
cells were destroyed and observed as distorted structures with
complete cell wall lysis (Fig. 8a and b). This is due to the disruption
of the lipid bilayer and cellulose composition of cell wall of
microalgae by surface interactions of sites of nanoparticles on
microalgae [55].
4. Conclusion
The present article dealt with the involvement of silver
nanoparticles in lysing cell wall of C.vulgaris. This study reports
the green and simple synthesis of silver nanoparticles using silver
nitrate as the substrate and culture supernatant as the producing
agent. The supernatant, consisting of polysaccharides and proteins,
served as the reducing and stabilising agent of nanosilver
production. Characterisation study exhibited that the formed
nanoparticles were crystalline and spherical. These AgNPs were
utilised for breaking down the cell wall of the microalga. Maximum
Fig. 8. SEM images C.vulgaris—intact cells (a); disrupted cells due to cell wall lysis (b).
S. Abdul Razack et al. / Biotechnology Reports 11 (2016) 70–76 75of 150 mg/g and 40 min of AgNPs and time respectively were
required for the process. LDH assay and SEM analysis revealed that
AgNPs bound and distorted the composition of cell wall thus
rupturing them leading to the extrusion of lipids and carbohy-
drates. This research work could be helpful as an ecofriendly and
essential protocol by overcoming the difﬁculties faced while using
conventional techniques. Further studies could be carried out to
learn its wider applications in other areas of renewable energy
technology using microalgae.
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